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ABSTRACT

Terrestrial biodiversity's rapid decline demands expansion of high-resolution biomonitoring to support science-based policy.
Environmental DNA (eDNA) analysis has proven effective in aquatic systems but remains underexplored for terrestrial habitats,
partly due to point-source sampling bias and difficulty in upscaling. Air has emerged as a promising substrate, yet most studies
use active samplers which tend to be expensive, bulky, and require power, potentially hindering broad deployment. We present a
newly developed, inexpensive, reusable, and easy-to-use passive approach (Nutshell eDNA sampler) to capture eDNA suspended
in air across time (6-96h) within Rotterdam Zoo, the Netherlands. Its performance was compared with two commonly used
active airborne eDNA samplers for vertebrate diversity detection. In total, 88 species were detected, including 24 zoo residents.
The Nutshell eDNA sampler was the most effective at detecting zoo residents, surpassing active samplers in species richness
within 48h and continuing to accumulate new species beyond 96 h, including detections of both patchy and singleton signals. It
also detected the furthest species signal (515m). Zoo airborne eDNA further demonstrated a positive correlation to species total
biomass, suggesting larger vertebrates or populations release proportionately more DNA into the air. Our findings indicate that
for long, unsupervised biomonitoring, passive airborne eDNA sampling presents a promising approach for assessing vertebrate
communities and putatively reduces detection noise in stochastic air eDNA signals due to its signal integration. While deeper
investigations into airborne eDNA sampling strategies are needed, passive methods can offer a much-needed logistically flexible,
low-maintenance approach compared with short-burst collection strategies employed by many active samplers.

1 | Introduction time-consuming, require expert taxonomic knowledge, can be

invasive to the species, and fail to document rare or cryptic spe-

Global biodiversity is essential for ecosystem resilience and
critical services such as food security and medicine (Tong
et al. 2022; Zimmerer et al. 2019). However, anthropogenic pres-
sures such as climate change, habitat destruction, and global-
ization threaten biodiversity. This necessitates high-resolution
biomonitoring that can be quickly upscaled to guide conser-
vation efforts (Baird and Hajibabaei 2012; Rodriguez-Ezpeleta
et al. 2021).

While most biodiversity monitoring relies on conventional
approaches (e.g., morphological surveys), they are often

cies (Banerjee et al. 2022; Taberlet et al. 2012). Environmental
DNA (eDNA) approaches, which collect genetic material directly
from the environment rather than individuals (Didaskalou et al.
2022; Garrett et al. 2023; Taberlet et al. 2012), have recently
gained widespread use as an alternative or complementary
method (Rodriguez-Ezpeleta et al. 2021). These approaches are
non-invasive, highly sensitive, cost-effective, and capable of de-
tecting taxa across the tree of life while reducing observer bias
and enabling large-scale monitoring (Kelly et al. 2014; Qu and
Stewart 2019; Shao et al. 2025). In many cases, eDNA collec-
tion outperforms conventional methods (Hallam et al. 2021;
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Fediajeviate et al. 2021). While eDNA sampling from water is
well-established (Gold et al. 2021; Ruppert et al. 2019; Thomsen
et al. 2012), terrestrial applications remain underdeveloped
partly due to challenges in identifying optimal substrates (van
Kuijk et al. 2025), particularly for biomonitoring upscaling
(Beng and Corlett 2020). Various terrestrial substrates, includ-
ing soil and plants (among others) have been explored but often
yield limited taxonomic coverage and rely on point-source sam-
ples that may fail to give a comprehensive and representative
estimates of local biodiversity (Lyman et al. 2022; Kinoshita
et al. 2019; Sigsgaard et al. 2021; Thomsen and Sigsgaard 2019).

Airborne eDNA sampling offers a novel approach for terrestrial
biodiversity monitoring. Air contains bioaerosols, or micro-
scopic particles of organic origin suspended in air. Bioaerosols
tend to be rich in genetic material that can originate from all do-
mains of life (Roger et al. 2022). Researchers (Clare et al. 2021)
first demonstrated animal DNA detection in air using active
(powered) air pumps, with subsequent studies confirming this
method's efficacy across various environments, including zoos
and natural habitats (Clare et al. 2022; Gusareva et al. 2019;
Lynggaard et al. 2022). Recent research has detected insects,
birds, frogs, and mammals in field conditions, highlighting the
potential of airborne eDNA for large-scale biodiversity monitor-
ing across the tree of life (Garrett et al. 2023; Polling et al. 2024;
Roger et al. 2022).

Most eDNA studies focusing on air collection to date rely on ac-
tive samplers, which, despite their effectiveness, are often costly,
bulky, and require power sources, limiting their use in remote
areas (Garrett et al. 2022). For the most part, they also rely heav-
ily on short-burst point-sampling due to logistical (e.g., battery
life and personnel) constraints. Additionally, budgetary and per-
sonnel constraints can limit the scale at which active sampling is
applied. Passive air eDNA sampling, which relies on natural air
movement to deposit DNA-containing particles (like skin cells,
hair, spores, pollen, or fecal dust) onto a collection surface, on
the other hand, potentially provides a cheaper and more mobile
alternative, with promising results for detecting diverse taxa
(Johnson et al. 2021; Klepke et al. 2022). Recent studies using
passive approaches have repurposed existing (e.g., dust collec-
tors [Johnson et al. 2023], spider webs [Newton et al. 2024]) or
rudimentary tools (e.g., buckets of water [Klepke et al. 2022])
with great success, including direct evaluations of sampler per-
formance sensitivity and deployment constraints (Ip et al. 2025;
Johnson et al. 2019; Newton et al. 2025). However, expanding
air eDNA collections may require more logistically and tech-
nologically flexible solutions. Questions further remain regard-
ing the sensitivity and spatial resolution of passive approaches
compared with active methods, especially given evidence of
long-range airborne eDNA dispersal (Clare et al. 2022) and con-
tinuous accumulation over time (Klepke et al. 2022). Thus, not
only do passive eDNA approaches demand more attention, but
understanding airborne eDNA's spatial and temporal dynamics
is also crucial for optimizing and choosing the appropriate ter-
restrial sampling strategies (Newton et al. 2024).

Comparing passive to active eDNA sampling strategies has only
just recently been conducted for aquatic (Bessey et al. 2021;
Cananzi et al. 2025) and air (Ip et al. 2025; Newton et al. 2024)
eDNA collection strategies. Our study thus adds to this limited

body of research by comparing two general strategies for air
eDNA collection: passive and active approaches in which we
evaluated the efficacy and sensitivity of a newly-designed pas-
sive airborne eDNA sampler (the Nutshell eDNA Sampler;
Figures S1 and S2 for sampler details). Our sampling strategy
comparison employed two, commonly used active air eDNA
samplers (Pollensniffer and Coriolis Micro) as a reference in
Rotterdam Zoo, The Netherlands. The Nutshell eDNA sampler,
designed to enhance DNA capture efficiency by directing air-
flow over a protected DNA-binding filter, aims to mitigate the
limitations of previous passive methods that rely on surface set-
tlement rather than via air currents themselves (Johnson and
Barnes 2024; Johnson et al. 2023; Klepke et al. 2022; Lynggaard
et al. 2023). Addressing key needs for upscaling biomonitoring
via air eDNA, the Nutshell eDNA sampler is an open-source de-
sign which is 3D printed, can be easily assembled, and is de-
signed for reuse, affordability, and sustainability (see Supporting
Information). Our study is not intended to provide an exhaustive
comparison of all existing passive and active airborne eDNA
sampling strategies. Rather, we introduce and evaluate the novel
Nutshell eDNA sampler designed to enable broadscale and logis-
tically simple deployment, including application by novice users.

To test how a sampling strategy employing our sampler per-
formed, we compared it to two commonly used active collection
approaches, assessing species detection rates, expected zoo ver-
tebrate species recovery, airborne eDNA dispersion distances,
accuracy in detecting known zoo residents, and a potential
correlation between species biomass and airborne eDNA abun-
dance. Additionally, we looked at species richness over time to
determine the optimal deployment duration for our novel pas-
sive approach compared to the typical short-burst approach of
active sampling.

2 | Materials and Methods
2.1 | Study Site

We collected air samples at the Rotterdam Zoo (Diergaarde
Blijdorp, the Netherlands; Figure 1), a 32-acre zoo wherein sam-
pling took place at five outdoor points and one indoor point.
Surrounded by residential areas and water bodies, the zoo
houses diverse avian and mammalian species in spacious out-
door enclosures. Besides the listed zoo animals, expected eDNA
sources include food, visitors, their pets, and nearby wildlife.

2.2 | Airborne eDNA Sampling

Between March 25 and April 12, 2024, we collected air samples
at six locations over three 5-day sampling campaigns (Table S1).
Locations were selected based on: (1) secure placement of pas-
sive airborne eDNA samplers out of visitors' reach, (2) sufficient
distance between sampling points to avoid redundant detec-
tions, and (3) proximity to at least four enclosures.

To test the performance of the newly developed passive
Nutshell eDNA sampler with active samplers as a reference,
three types of air sampling devices were used, each varying
in mobility, cost, and flow-rate: two active samplers—the
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FIGURE 1 | Map of Rotterdam Zoo (the Netherlands) including the 6 sampling locations (numbered circles). Location 6 represents an indoor
site. Photo inset depicts sampling setup of the Coriolis Micro (A), Pollensniffer (B), and the passive Nutshell eDNA samplers (subject is H. Jager) (C).

Pollensniffer (~8 L/min) which collects eDNA on vaseline-
coated slides (de Weger et al. 2020, 2021), the Coriolis Micro
(~100 L/min) which collects eDNA in collection liquid (Bertin
Technologies SAS 2025) and the passive Nutshell eDNA sam-
pler (https://anonymous.4open.science/r/Nutshell-eDNA-
sampler-8449/README.md) which relies on external air
movement and collects eDNA on glass-fiber filters. To mini-
mize disruption to animals in exhibits, in consultation with
zoo staff, while acting in accordance with suggested best sam-
pling practices by the manufacturers, both active samplers
were operated simultaneously for 10 min per sampling event.
The passive air DNA sampling strategy used here (Nutshell
eDNA sampler) allows for longer deployment, which increases
the potential amount of air DNA captured. However, we had
no a priori expectation for how well the sampler will collect
air eDNA and thus deployed the Nutshell eDNA sampler
across 5 temporal durations. To test for optimal deployment
time (the time at which the maximum number of species
would be captured) for our passive approach, five Nutshell
eDNA samplers were simultaneously deployed per sampling
location, which were subsequently collected at 6, 24, 48, 72,
and 96 h. This allowed us to create species saturation curves.
We deployed the passive samplers at ~2.5m height in trees at
each location (including the indoor location, also see Figure 1)
on the first day of each sampling campaign, and took 1 m-high
air samples with both active samplers at each site (replicat-
ing common methodological approaches Cananzi et al. 2025;
Lynggaard et al. 2023). Each sampling campaign (the Nutshell
eDNA, Pollensniffer, and Coriolis Micro) was replicated three
times (consecutive weeks) to attain triplicate measures for
each active and passive sampler per site. All equipment was
sterilized between uses in a 30% bleach solution, followed
by ultrapure water rinsing. Passive Nutshell eDNA samples
were collected on 47mm diameter 0.7um glass fiber filters,
stored in 2mL Eppendorf tubes. The Coriolis Micro samples

were collected in 4mL PBS-filled cones, sealed immediately
after sampling. The Pollensniffer samples were collected on
Vaseline-coated plastic slides and stored in a sealed cassette
case. Samples were handled with facemasks and nitrile gloves
and transported on ice before storage the same day at —20°C
until DNA extraction.

For each campaign, field negative controls were also collected to
account for any potential DNA contamination in the collection
media or on the samplers themselves before sampling at the zoo:
glass fiber filters placed inside the sampler but without being
hung (Nutshell eDNA Sampler), PBS solution placed within
the sampling cup (Coriolis Micro), and a Vaseline-coated slide
(Pollensniffer). In total, for six locations and three sampling rep-
lication events, 90 Nutshell eDNA samples (18 X 5 time intervals
at 6, 24, 48, 72, and 96h), 18 Pollensniffer samples, 18 Coriolis
Micro samples, and three field negatives per device were ob-
tained across the three weeks.

2.3 | DNA Extraction

For extraction, we fit each sample in a 2mL Eppendorf tube:
Nutshell eDNA sampler filters were cut into small pieces in a
sterilized, eDNA dedicated fume-hood, the Pollensniffer slides
were removed from the cassettes and folded with the exposed
side facing inwards, the 4mL Coriolis Micro PBL samples
were transferred to an Eppendorf tube, centrifuged for 2min
at 10,000 rpm, thereafter supernatant removed and pellets re-
tained. We extracted DNA for all samples following the pro-
tocol of (Yates et al. 2021). Samples were incubated overnight
in a 56°C lysis buffer for 14.5h. QIAshredder (QIAGEN) was
then used to release lysed cellular content from the sample
substrates, which after centrifuging for 3min at 11,000 rpm
resulted in two 390 uL tubes per sample. We vortexed samples

Ecology and Evolution, 2026

3of 14

d ‘¥ *970T ‘8SLLSHOT

:sdpy wouy pap

:sdy) suonpuo) pue suud L, 2yl 33 *[9707/p0/L1] U0 A1eiqr auruQ 1A I03U2) AYISISAIPOLE SIEINEN £q 9pEEL €99/7001°01/10p/W0d" KA1 'A

110)/W09" K[ 1M

pi

ASULdIT suowwo)) aanear) ajqesrdde ayy £q paursAoS ale sa[onIe Y fasn Jo sa[ni 10y AIeiqi auluQ A3[IA\ UO (¢


https://anonymous.4open.science/r/Nutshell-eDNA-sampler-8449/README.md
https://anonymous.4open.science/r/Nutshell-eDNA-sampler-8449/README.md

and added 700uL AL:EtOH (1:1) to each tube. Finally, we
eluted DNA in 100uL AE buffer. All samples were stored at
—20°C until metabarcoding.

2.4 | DNA Metabarcoding

We used two vertebrate primer sets for metabarcoding: 16S
rRNA primer (16Smam1/16Smam?2) targeting mammals (~95bp)
(Taylor 1996), and 12S rRNA (12S05 forward/12S05 reverse)
targeting vertebrates (~97bp) (Riaz et al. 2011). All primers
had 5’-overhang adapters for Nextera XT (Illumina) indexing.
A 1:100 dilution of harbor porpoise (Phocoena phocoena) DNA
(~50ng/uL; Naturalis Biodiversity Center, Netherlands) served
as a positive PCR control, with multiple negative controls to de-
tect contamination.

For the 16S primer set, 20 uL reactions consisted of 4uL DNA
template, 10uL. TagMan Environmental Master Mix 2.0, 1L
of each primer (10uM), 3 uL RNase-free water, and 1 uL human
blocker (60 uM) (Vestheim and Jarman 2008). The thermal cy-
cling profile was 95°C for 10 min, followed by 40cycles of 95°C
for 125, 59°C for 30s, 70°C for 255, and a final extension time
of 72°C for 7min. The 128 reactions followed the same protocol
and had a cycling profile of 94°C for 30s, 59°C for 455, and 72°C
for 60s. Three PCR replicates were performed for all 131 DNA
extracts, controls, and both primer sets.

PCR products were visualized on 2% agarose gels (Invitrogen)
with SYBR Safe alongside a low-range quantitative DNA ladder.
Three technical replicates (10uL each) were pooled per DNA
extract. Amplicon pools were purified using NucleoMag NGS
Clean-up and Size Select beads (Mackerey-Nagel) at a 1.6x bead-
to-amplicon ratio. Nextera XT (Illumina) indices were ligated in
a second PCR (20uL), consisting of 2L amplicon pool, 10uL
TagMan Environmental Master Mix 2.0, 1.5uL of both N- and
S-indices, and 5uL RNase-free water. The thermal profile was
95°C for 10min, 10cycles of 95°C for 155, 55°C for 305, 72°C for
1min, and a final extension at 72°C for 5min.

Amplicon pool concentrations were measured using the 4200
Tapestation System (Agilent Technologies) and pooled equi-
molarly using the OT-2 Robot (Opentrons). The final pool was
purified using a 1.2Xx bead-to-amplicon ratio and quantified on
the 4200 Tapestation. Libraries were sequenced at Macrogen
Europe (the Netherlands) on an Illumina MiSeq (v3 chemistry,
150bp paired-end), targeting 50,000 reads per sample.

2.5 | Data Preparation

Quality assurance was performed separately for each primer set.
Illumina adaptors and primers were trimmed using Cutadapt
v4.9 (Martin 2011), and reads were processed into amplicon se-
quence variants (ASVs) using DADA2 (Callahan et al. 2016 in
RStudio Team 2020). Filtering parameters included maxEE=2
and minLen =50, removing reads with >2 expected errors or
<50bp. Dereplication and error estimation followed, using
DADAZ2 to calculate ASV counts. We merged reads, removed
chimeras, retaining only ASVs between 80-106bp for 12S and
83-118bp for 168S.

Taxonomic identification was performed using BLASTn
against GenBank 12S and 16S databases via a custom pipeline
on Naturalis Biodiversity Center's OpenStack GALAXY plat-
form (Afgan et al. 2018). A weighted LCA algorithm applied
cutoffs of 85% query coverage, 98% identity, and a minimum
score of 170 (Beentjes et al. 2021). ASVs identified as human,
unidentified, or detected in controls were removed. To mini-
mize contamination, read counts in the negative PCR controls
were subtracted from Nutshell eDNA sampler reads for their
respective weeks and from all reads for Coriolis Micro and
Pollensniffer. ASVs of the same species were grouped for both
primer sets.

Read counts from both primers were combined into an ASV
table summarizing total species read counts per sample.
Separate datasets were created for each eDNA sampling strategy
(active: Pollensniffer, Coriolis Micro; passive: Nutshell eDNA
Sampler), summing species-specific reads across all samples
for each method. Identified species were cross-referenced with
a detailed Rotterdam Zoo inventory (N=266), including those
housed off-exhibit.

2.6 | Quantification and Statistical Analyses

We assessed normality of our data by using the Shapiro-Wilk
and the Kolmogorov-Smirnof (KS) tests in R 4.4.0. We found
all data met normality expectation with the exception of our
separate dataset for zoo species sequencing reads, specifically
for the Nutshell eDNA sampler between the outdoor sam-
pling locations (p =0.046), and total biomass (p >0.05), both
of which had to be log-transformed. To compare species rich-
ness detected by the three airborne eDNA sampling strategies,
we performed ANOVA and Tukey's HSD tests. We further
used a two-way ANOVA to check for significant effects (and
their interaction) with replicate sampling weeks on sampling
strategies.

Species richness accumulation over time was visualized using
veganv.2.6.6.1 and ggplot2 (Oksanen et al. 2016; Wickham 2016).
All Nutshell eDNA samples (n=75) were analyzed across out-
door sites (five locations in triplicate, each with five samplers
collected at 6, 24, 48, 72, and 96h). Two species diversity satu-
ration curves were generated: one for all detected species and
one for listed zoo species only, visualizing for each time point
the mean and SD of the total detected species richness per out-
door sampling location across the three sampling campaigns.
For active sampler strategies (Pollensniffer and Coriolis Micro),
total detected species were plotted per replication. For the ac-
tive strategies, we report static values since the active samplers
were not tested over a time series (6, 24, 48, 72, and 96h like
the passive samplers) but instead were used once per location,
in triplicate weeks.

Zoo species detection distances were estimated using Google
Earth, calculating the mean detection distance per sampling
method to the centroid of each species exhibit for each outdoor
sampling location. Using these radii, we determined the per-
centage of expected zoo species detected per sampling strategy
over three weeks. Maximum detection distances were also aver-
aged, omitting zeros to prevent overdispersion.
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To examine the relationship between species biomass and detec-
tion probability (sensu Clare et al. 2022; Lynggaard et al. 2022),
we multiplied published mean biomass values (Table S2) by the
number of individuals housed in the zoo. A Pearson correlation
test was used to assess the relationship between total biomass
and read counts.

3 | Results
3.1 | Sequencing Results

To detect airborne eDNA from vertebrates and mammals, we
targeted mitochondrial regions using 12S and 16S markers. For
the 128 dataset, we reduced our original 3,862,876 sequencing
reads to 783,731 reads across 293 ASVs after filtering, remov-
ing unidentifiable ASVs and correcting for negative controls.
Subsequently, questionable species identifications were adjusted
using the weighted LCA algorithm in Galaxy. Despite our use
of human blocking primers, 299,733 reads were identified as
human (Homo sapiens), which we removed. This resulted in
483,998 reads across 161 ASVs, which we identified to 65 taxa,
15 of which were expected resident species of the Rotterdam Zoo
(total read count of 48,735 across 26 ASVs).

For 16S, we filtered 5,871,156 sequencing reads down to 651,690
reads after removing unidentifiable ASVs and correcting for
negative controls. Of the remaining reads, 293,267 were identi-
fied as Homo sapiens. After removal, the 16S dataset consisted
of 358,249 reads across 92 ASVs that we identified to 47 taxa.
Of these taxa, 23 were not identified using the 12S primer set,
and 15 ASVs were identified as expected resident species of
Rotterdam Zoo (total read count of 146,019 across 23 ASVs).

Cumulatively, we detected airborne eDNA from 88 distinct spe-
cies, of which 24 were found using both primer sets (Table S3).
Of these 24 species from both primer sets, six were expected
zoo species: the Bactrian camel (Camelus bactrianus), the black
rhinoceros (Diceros bicornis), the giraffe (Giraffa camelopar-
dalis), the European otter (Lutra lutra), the Indian rhinoceros
(Rhinoceros unicornis), and the Arctic fox (Vulpes lagopus).

3.2 | Species Detection

We found that for overall species richness, sampling strategy
(F,=66,87, p<0.001) but neither replicate week (replicates;
F,=2.85, p=0.07) nor the interaction of sampling strategy
across weeks (F,=0.54, p=0.70) was significantly different.
Across all three sampling weeks (replicates) and samples ac-
quired at the Rotterdam Zoo, we detected a total of 88 species: 34
mammals, 29 birds, 15 fish, and 10 amphibians (Figure 2). The
passive Nutshell eDNA Sampler strategy accounted for 62.17%
of all reads and detected 76 species, whereas the active sampler
strategies, the Pollensniffer and Coriolis Micro, detected 50
species (21.66% of the reads) and 25 species (16.17% of reads),
respectively. Of the species diversity detected, the majority (30)
were exclusively collected by the Nutshell eDNA sampler strat-
egy, and 17 were detected by all three approaches (Figure 2B).
This pattern was similar when looking specifically at zoo res-
idents (Figure 2C). Overall, 24 of the total 88 species detected

using these air eDNA samplers were listed as Rotterdam Zoo
residents: 15 mammals and 9 birds, accounting for 9% of the total
inventory at Rotterdam Zoo (including those not on exhibit). Of
these zoo species, the Nutshell eDNA sampler method detected
20 species, 9 of which were exclusive to this passive sampler
(Figure 2C), whereas the Pollensniffer method collected 14 zoo
species, of which 4 were exclusive to the Pollensniffer, and the
Coriolis Micro method detected 4 zoo species.

While the majority of the non-target species (N =64) were those
native to the Netherlands, including mammals, birds, am-
phibians, and fish, 10 non-native species were also identified
(Figure 2). At the indoor sampling site, four species were de-
tected that were not detected outdoors via any sampling strategy.

To accommodate the time series collections for our passive
strategy (n=90), we acknowlege the sampling intensity was not
evenly comparable to each active strategy (n=18). Thus, the
per-sample detection rate equated to 0.84 species/sample for
the Nutshell eDNA sampler, 1.39 species/sample for the Coriolis
Micro, and 2.78 species/sample for the Pollensniffer. When look-
ing at zoo species specifically, the Nutshell eDNA sampler and
Coriolis Micro each detected 0.22 zoo species/sample, whereas
the Pollensniffer detected 0.78 zoo species/sample.

3.3 | Accumulating Species Richness Detection
Over Time

Comparing the three air eDNA sampler strategies, the mean
total detected species richness by the Nutshell eDNA sampler
per outdoor sampling location exceeded that of the Coriolis
Micro (100L/min) between 6 and 24h (Figure 3), whereas the
Pollensniffer at 8L/min was exceeded by the Nutshell eDNA
sampler approach between 24 and 48h of passive sampling.
The Nutshell eDNA sampler method detected on average
15.07 (SD £2.62) species per outdoor site after 96h of sampling
(Figure 3SA), with site 2 detecting the most species diversity,
on average 19 species (SD £5.29), and site 3 detecting the least
number of species (11.67 SD +3.21), after 96h. Comparatively,
the Pollensniffer detected an average of 6.6 species (SD +1.38),
whereas the Coriolis Micro detected an average of 3.47 species
(SD +1.15) per site after 10min of active sampling. Excluding all
non-target species, the mean total detected zoo species richness
by the Nutshell eDNA sampler per outdoor sampling location
exceeded that of the Coriolus Micro between 6 and 24 h, whereas
the Pollensniffer was exceeded by the Nutshell eDNA sampler
approach between 48 and 72h of sampling (Figure 3B). We de-
tected an average of 2.87 zoo species (SD *1.57) per outdoor
sampling site after 96h of sampling using the Nutshell eDNA
sampler (Figure S3B). By comparison, the Pollensniffer and the
Coriolis Micro detected an average of 1.67 (SD +0.82) and 0.4 (SD
+0.43) zoo species at each outdoor sampling site, respectively.
The average detected zoo species richness by the Coriolis Micro
was exceeded after 24h of sampling using the Nutshell eDNA
sampler, and after approximately 72h using the Pollensniffer.

Our indoor sampling site (site 6) demonstrated the mean de-
tected species richness and zoo species richness obtained by
the Coriolis Micro were both exceeded by the Nutshell eDNA
sampler approach within the first 6h, similar to the outdoor
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® >10,000 reads

® >1,000 reads R
§ &
>100 reads S ¢
<100 reads S &L
Artiodactyla Bovidae Antilope cervicapra (Indian antelope)
Bison bison (American bison)
Bos taurus (Domestic cow) | e
Capra hircus (Domestic goat)
*Capra pyrenaica (Iberian ibex)
Nanger dama (Addra gazelle)
Ovis aries (Domestic sheep) | ®
Camelidae Camelus bactrianus (Bactriancamel) | @ o @
*Lama guanicoe (Guanaco)
Cervidae Cervus elaphus (Red deer) | o
Giraffidae Giraffa camelopardis (Giraffe) e o
Suidae Sus scrofa (Domestic pig) | ®
Camivora Canidae Canis lupus familiaris (Dog)| ® ® @
Vulpes lagopus (Arcticfox)| ¢ e e
Felidae Felis catus (House cat) | ® °
Mustelidae Lutra lutra (European oter) | o
H Eulipotyphla Soricidae Crocidura russula (Greater white-toothed shrew)
Lagomorpha Leporidae Lepus europaeus (European hare) | o
Oryctolagus cuniculus (European rabbit) L]
Perissodactyla Equidae Equus caballus (Horse) L[]
Equus quagga (Plains zebra)
Rhinocerotidae Diceros bicornis (Black rhinoceros) | o
Rhinoceros unicomis (Indian rhinoceros) | e °
Primates Cercopithecidae Macaca silenus (Lion-tailed macaque)
Theropithecus gelada (Gelada)
Trachypithecus francoisi (Francois' leaf monkey)
Proboscidea Elephantidae Elephas maximus (Asian elephant) | e °
Rodentia Caviidae Cavia porcellus (Guinea pig)
Cricetidae Arvicola amphibius (European water vole)
Microtus arvalis (Common vole)
Muridae Apodemus sylvaticus (Wood mouse) |
Mus musculus (House mouse)
Rattus norvegicus (Brownrat) | e L]
Sciuridae Callosciurus prevostii (Prevost's squirrel)
Accipiter nisus (Eurasian sparrowhawk) | e
Haliagetus pelagicus (Steller's sea eagle) | ®
Anseriformes Anatidae *Alopochen aegyptiaca (Egyptian goose) | @
Anas platyrhynchos (Mallard) | e ]
Aythya sp.(Pochard species)
Branta nigricans orientalis (Brent goose) | ® °
Mareca strepera (Gadwall) | o
Tadorna tadorna (Common shelduck) | e
Anhimidae Chauna torquata (Southern screamer)
Charadriiformes Laridae Larus marinus (Great black-backed gull)
C C i Columba livia (Rockdove) | @ o @
Columba oenas (Stock dove)
Coraciiformes Meropidae Merops nubicus (Northern carmine bee-eater)
Galliformes Phasianidae Gallus gallus (Domestic fowl) | @ o e
X Phasianus colchicus (Ring-necked pheasant)
Gruiformes Rallidae Fulica atra (Eurasian coot)
Gallinula chloropus (Common moorhen) L[]
Passeriformes Corvidae Corvus splendens (House crow) | o °
Fringillidae Fringilla coelebs (Eurasian chaffinch) | °
Passeridae Passer domesticus (House sparrow)
Sturnidae Sturnus vulgaris (Common starling) | e
Turdidae Turdus merula (Common blackbird) °
Pelecaniformes Ardeidae Ardea cinerea (Grey heron) | ® .
lycti i (Black d night heron)
Pelecanidae Pelecanus crispus (Dalmatian pelican)
Threskiornithidae *Threskiornis aethiopicus (African sacred ibis)
F F i i F I roseus (Greater
*Pterodroma heraldica (Herald petrel)
Struthio camelus (Common ostrich) | e
Anura Alytidae *Alytes obstetricans (Common midwife toad) | @
*Alytes muletensis (Majorcan midwife toad) | ¢ e o
Bombinatoridae *Bombina orientalis (Oriental fire-bellied toad) | ®
Bufonidae Bufo bufo (Common toad)
Ranidae Pelophylax lessonae (Pool frog) |
Rana temporaria (Common frog) | e
Caudata Salamandridae Ichthyosaura alpestris (Alpine newt)
Lissotriton helveticus (Palmate newt)
*Triturus carnifex (Italian crested newt) | ® o
*Triturus karelinii (Southern crested newt)
Clupeiformes Clupeidae Clupea harengus (Atlantic herring)
Sprattus sprattus (European sprat) | ® .
Cypriniformes Cyprinidae Cyprinus carpio (Commoncarp)| @ e o
Gobionidae Gobio gobio (Gudgeon)
Leuciscidae Leuciscus aspius (Asp) [
Phoxinus phoxinus (Common minnow) | e
Rutilus rutilus (Common roach)
* Squalius cephalus (Common chub)
Osmeriformes Osmeridae Osmerus eperlanus (European smelt)
Salangidae Mallotus villosus (Capelin) .
Pleuronectiformes Soleidae Solea solea (Common sole) | @
i i clarkii lewisi () trout)
o (Black °
Salmo Salar (Atlantic salmon) | e

FIGURE2 |

Legend on next page.
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FIGURE 2 | (A) Species diversity of taxa (icons per family) detected across three weeks of airborne eDNA sampling using different samplers:
Nutshell eDNA sampler (passive sampler), Coriolis Micro, and Pollensniffer (active samplers). Total sequencing reads across all samples per sam-
pler type indicated for each taxa by the corresponding circle color (Legend top right). Gray rows represent resident zoo species. Asterisk denotes the
Netherlands non-native species. (B) Venn diagram of total species detection distribution across different air eDNA samplers. (C) Venn diagram of zoo
resident species detection distribution across different air eDNA samplers.
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Total detected zoo species richness per location

s

@

Legend
@ Nutshell eDNA
@ Coriolis Micro

o

@ Pollensniffer

IS

.

—e—
=

6 24 48 72 9
Sampling time (hours)

8

Species richness means (+SD) for outdoor sampling locations (sites 1-5). (A) Total detected species richness per outdoor sampling

location by the Nutshell eDNA sampler strategy (black) over 96 h across the three weeks of collection, juxtaposed against the mean (+SD) total de-
tected species richness per outdoor sampling location by the Coriolis Micro (red) and Pollensniffer (blue) static samples per week in triplicate, with

(B) showing total zoo resident species richness detection.

sampling locations (Figure S4). In contrast, the Nutshell eDNA
sampler strategy only exceeded the species richness obtained by
the Pollensniffer method after 72 to 96 h (Figure S4).

Accounting for triplicate measures across all three sampling
strategies per location, our results indicate the Nutshell eDNA
sampler approach detected significantly higher total species
richness, followed by the Pollensniffer, and the Coriolis Micro
detected the least (F2’12:43.21, p<0.001) (Figure S5A). The
Coriolis Micro detected a total of 0.8 zoo species on average
across three measurements per outdoor sampling location (SD
+0.84), whereas the Pollensniffer approach detected a total of
3.6 (SD £1.67) zoo species on average across three measure-
ments per outdoor sampling location (Figure S3B).

Our results demonstrate the total detected zoo species per out-
door sampling location to be significantly different among all
three strategies (F, ,=6.80, p=0.011), with the highest total
Z0Oo species richness detected by the Nutshell eDNA sampler
(Figure S5B).

Equalizing sampling intensity, we also individually analyzed
each collection duration time that the Nutshell eDNA sam-
pler was deployed (6, 24, 28, 72 and 96h) and compared it to
the species richness obtained from both active approaches
(Figure 4A). Although total species richness detected across
all outdoor sites and replicates across time was 74 species for
the Nutshell eDNA sampler, 50 species for the Pollensniffer
and 25 species for the Coriolis Micro, we observed the Nutshell
eDNA sampler to detect fewer species than the Pollensniffer

at each independent collection time point when standardiz-
ing sampler number (n =3 per location, per deployment time).
While the Nutshell eDNA sampler accumulated species rich-
ness over time across the outdoor locations, from 19 species
when deployed for 6 h to 38 species after 96 h (Figure 4A), only
23% of total species richness detected (n=17) was retained
continuously from the time of first detection until the end of
sampling at 96 h (Figure 4B). Interestingly, while 12.2% (n=9)
of identified taxa were detected across every time point taken
for the Nutshell eDNA sampling strategy, 51.4% (n = 38) were
only identified during a single time point (“singletons”) and
another 25.7% (n=19) intermittently or “patchy” detections
(> 2 time points).

Similar patterns were mirrored for resident zoo species (n =19),
wherein 58% of total species richness was detected at the 96-h
deployment time for the Nutshell eDNA sampler (Figure 4A). Of
the 19 resident zoo species detected by the Nutshell eDNA sam-
pler, 36.8% (n=7) of species signal was retained for the entire
deployment time (96h), with 15.8% (n=23) presenting “patchy”
signals, and 47.4% (n=9) representing “singleton” detections
(Figure 4B).

3.4 | Accuracy, Dispersion, and Biomass

The Nutshell eDNA sampler detected zoo species at the
greatest average distance (188.67+61.33m), followed by
the Pollensniffer (172.58+91.29m) and the Coriolis Micro
(68 £50.21 m), though these differences were not statistically

Ecology and Evolution, 2026
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B Taxa Nutshell Sampler Deployment Duration (hours)

6 24 48 7 96

Bos taurus (Domestic cow) @ &3 S - - ]

Camelus bactric ian camel) @ < - 2> L]

Sus scrofa (Domestic pig) @ - O <0 0

Canis lupus familiaris (Dog) @ - - O 0

Felis catus (House cat) @ & @ @ 0

Gallus gallus (Domestic fowl) © & @ & 0

*Alytes obstetricans (Common midwife toad) ©- -0 - 2 0
*Alytes muletensis (Majorcan midwife toad) ©- > G- - 0
Cyprinus carpio (Common carp) © ez & . 4 0

Vulpes lagopus (Arctic fox) © @ < 0

Elephas maximus (Asian elephant) [ @ > 4 0

Sprattus sprattus (European sprat) © & 0

*Bombina orientalis (Oriental fire-bellied toad) © ® .4

Giraffa camelopardis (Giraffe)
Haliaeetus pelagicus (Steller’s sea eagle)
Nycticorax nycticorax (Black-crowned night heron)

I

pithecus gelada (Gelada) @ @ A4
Mus musculus (House mouse) @ & G-
Salmo Salar (Atlantic salmon) gy £3- T
Pelophylax lessonae (Pool frog)
Ardea cinerea (Grey heron)
Pelecanus crispus (Dalmatian pelican)
Columba livia (Rock dove) @+ +=sssssasasssassnssssinssasissasnsssg@y

Corvus splendens (House crow)
Diceros bicornis (Black rhinoceros) @ «ssssssssssssssss

Lepus europaeus (European hare)

Rattus norvegicus (Brown rat)

Equus caballus (Horse)

Gobio gobio (Gudgeon)

Solea solea (Common sole)

Capra hircus (Domestic goat)

Ovis aries (Domestic sheep)

Anas platyrhynchos (Mallard)

Branta nigricans orientalis (Brent goose)

Scomber colias (Atlantic chub mackerel)

Turdus merula (Common blackbird) @
Rana temporaria (Common frog) @

*Triturus carnifex (Italian crested newt) @
o
(-]

(X

*Triturus karelinii (Southern crested newt)

Oncorhynchus kawamurae (Black kokanee)

Bison bison (American bison)

Fringilla coelebs (Eurasian chaffinch)

*Capra pyrenaica (Iberian ibex)

Cervus elaphus (Red deer)

Crocidura russula (Greater white-toothed shrew)

Microtus arvalis (Common vole)

*Alopochen aegyptiaca (Egyptian goose)

Tadorna tadorna (Common shelduck)

Sturnus vulgaris (Common starling)

*Pterodroma heraldica (Herald petrel)

Ichthyosaura alpestris (Alpine newt)

Rutilus rutilus (Common roach)

Squalius cephalus (Common chub)

Mallotus villosus (Capelin)

Lutra lutra (European otter)

Equus quagga (Plains zebra)

Arvicola amphibius (European water vole)

Larus marinus (Great black-backed gull)

Columba oenas (Stock dove)

Struthio camelus (Common ostrich)

Bufo bufo (Common toad)

Phoxinus phoxinus (Common minnow)

Oncorhynchus clarkii lewisi (Westslope cutthroat trout)
Rh (Indian rhi

Apodemus sylvaticus (Wood mouse)

*Threskiornis aethiopicus (African sacred ibis)

Phoenicopterus roseus (Greater flamingo)

Merops nubicus (Northern carmine bee-eater)

Phasianus colchicus (Ring-necked pheasant)

Aythya sp.(Pochard species)

Accipiter nisus (Eurasian sparrowhawk)

Trachypithecus francoisi (Francois' leaf monkey)

FIGURE4 | Legend on next page.
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FIGURE4 | (A)Venn diagrams of species richness detected by different air eDNA strategies (bottom legend) across time (6, 24, 48, 72, 96 h) for all
species detected (above) and zoo resident species only (bottom). Note that active air eDNA samples were not collected at each timepoint; the apparent
switching in the number of unique detections between timepoints reflects passive samplers intermittently capturing additional species that overlap
with those detected by the active samplers. (B) Species-specific detection over time (6, 24, 48, 72, 96 h) across outdoor sites for passive Nutshell eDNA
sampler. Blue circles denote detection at time point, solid lines signify continuous detections (“continuous”), dashed lines denote no detections be-

tween positive detections (“patchy”), compared with single detections (“singletons”). Gray rows represent resident zoo species. Asterisk denotes the

Netherlands non-native species.
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FIGURE 5 | Boxplots showing the average (A) and maximum (B) distance in meters between the detected zoo species and the sampling location
at which they were detected for the different outdoor sampling locations per air eDNA sampler across three weeks of sampling. Asterix denotes a

significant difference at p <0.05.

significant (F2,10=2.8, p=0.11) (Figure 5A; Table S4).
Excluding the indoor site, the Nutshell eDNA sampler also
recorded the furthest detections (373 +124.37 m) with a max-
imum detection of an American bison (Bison bison) at 515m
(location 2), which were significantly higher than the furthest
detections of the Coriolis Micro (p=0.036) (Figure 5B). The
furthest detections by the Pollensniffer and Coriolis Micro
were an Arctic fox (Vulpes lagopus, 491 m) and a black-crowned
night heron (Nycticorax nycticorax, 128 m), respectively; how-
ever, both at the indoor location (location 6). Outdoors, the
farthest detections were the Asian elephant (Elephas maxi-
mus, 466 m, Pollensniffer) and the night heron again (116 m,
Coriolis Micro).

In terms of detection accuracy, the Nutshell eDNA sampler
strategy demonstrated the highest results, identifying 19%
(£11.5%) of zoo species within its average range, followed
by the Pollensniffer (12%+5.8%) and the Coriolis Micro
(16,6% + 23,5%). Using the lowest average detection distance
(68 m, Coriolis Micro) as a baseline, both the Nutshell eDNA
sampler method (33.2%+20.4%) and the Pollensniffer ap-
proach (21.6%+21.7%) showed higher detection accuracy
across five outdoor locations, indicating effective identifica-
tion of nearby zoo species (Figure 6). Additionally, there was
a significant positive correlation between total sequencing
reads from our air eDNA samples and the total population
biomass (log-transformed) of detected zoo species (r,,=0.44,
p=0.031; Figure S5a). This trend remained, though weaker,

after removing four exceptionally large outliers (r,,=0.38,
p=0.097; Figure S6B).

4 | Discussion

Our study aimed to assess complementary airborne eDNA
sampling strategies by testing the efficiency of a newly de-
signed, 3D-printed, passive approach and two commonly used
active methods, while exploring the spatial and temporal dy-
namics of airborne eDNA. Our results show that the novel
passive strategy detected a broad range of zoo and non-zoo
species, and in total captured a higher variety of vertebrate
species over a 96-h integrated sampling period than either ac-
tive sampler strategy could give their time-point measurement
approach. Specifically, while the active sampling strategy em-
ploying the Pollensniffer (10min of sampling) detected the
most species richness per sampling effort, the passive strategy
using the Nutshell eDNA sampler accumulated species rich-
ness over deployment time while also detecting unique species
at different time points. Although mean detection distances
did not differ significantly, the Nutshell eDNA sampler method
identified taxa at the furthest range and achieved the highest
accuracy within its average detection radius. Additionally, we
found a positive correlation between species biomass and total
sequencing reads obtained from airborne eDNA, suggesting
a scaling relationship to eDNA released into the air such that
large vertebrates (or their populations) release substantially

Ecology and Evolution, 2026
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FIGURE 6 | Mean % detection accuracy dispersion curve across distance (meters + SD) from sampling location of detected zoo species. Dashed

lines represent each sampler's average distance (meters). Sampler type is denoted by color (legend to the right).

more eDNA into the air, putatively offering insights into ver-
tebrate relative abundance.

In total, this investigation suggests our passive air eDNA method
may offer an alternative or complementary method to active air
DNA sampling strategies when hung for as little as a few days,
also enabling the detection of intermittent or patchy air eDNA
signals that may not be detected through static, short-burst sam-
pling approaches like that of some active sampling.

4.1 | Species Detection Within Rotterdam Zoo

We detected airborne eDNA from 88 vertebrate species, spanning
both terrestrial (mammals, birds) and aquatic (fish, amphibi-
ans) habitats. Of these, 76 species were detected by the passive
Nutshell eDNA sampler within 96h, including 30 not detected by
either active sampler, highlighting effective detection capacity of
passive sampling. While the Pollensniffer showed similar diver-
sity to previous active air eDNA studies in zoos (Clare et al. 2022;
Lynggaard et al. 2022), 64 of the 88 taxa were non-target species,
likely local wildlife or food (e.g., livestock, fish).

The question remains as to why our passive airborne eDNA sam-
pler detected a wider array of species compared to both active
samplers. When accounting for per-sample detection rates, the

Pollensniffer detected the highest recovery of species richness,
but the other active sampler, the Coriolis Micro, detected the least.
While in part this implies more sampling effort alone increases
the likelihood for increasing species richness detections, when
sampling intensity was normalized, the passive strategy outper-
formed at least one of the two active strategies. Currently, little
is known about the movement of airborne eDNA and the impact
of sampling strategies. While some species were detected across
multiple samples and sampling sites (e.g., Cyprinus caprio in 58
samples; Elephas maximus in 28 samples), 32 species were present
in only a single sample, highlighting the likely stochastic nature
in detecting airborne eDNA in general. The greater detection ca-
pacity of the Nutshell eDNA sampler may stem from factors like
sampling height (~2.5m vs. <1m for active samplers), extended
sampling duration (96h vs. short active bursts), and, despite our
inability to quantify such a metric at present, a likely higher cu-
mulative air volume sampled. This longer, passive sampling ap-
proach may integrate effects tied to eDNA release variability due
to species behavior or environmental factors (e.g., wind, rain), ag-
gregating potential eDNA release bursts and thus increasing spe-
cies detection over other methods (Lin et al. 2025).

At the indoor site (location 6), however, active sampling by the
Pollensniffer outperformed our passive method possibly due to
the limited airflow indoors which hampers passive collection
but promotes airborne eDNA accumulation (Garrett et al. 2023;
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Serrao et al. 2021). In contrast but similar to the outdoor sites,
the Coriolis Micro detected the lowest diversity despite its higher
flow rate. Notably, the Pollensniffer consistently detected more
species per location than the Coriolis Micro (Figure S3a), despite
sampling less air volume per minute. This may reflect differ-
ences in sampling mechanics: the impingement method of the
Pollensniffer might better capture fine aerosols than the vortex
mechanism of the Coriolis Micro, where high airflow could re-
duce DNA particle retention. Further studies using matched air
volumes but varying flow rates are needed to test this hypothesis
(Manibusan and Mainelis 2022).

4.2 | Accumulation Patterns of Airborne eDNA

Per site, the Nutshell eDNA sampler outperformed the Coriolis
Micro in species richness within the first 24 h, both overall and
for zoo species. Compared with the Pollensniffer, it surpassed
species richness after 24-48h (overall) and 48-72h (zoo spe-
cies). Given that many active samplers are noisy, labor-intensive,
costly, and might require technically trained personnel, passive
sampling offers a low-cost, minimally intrusive alternative.

Consistent with Klepke et al. (2022) who showed airborne
eDNA accumulates over 24h using water-based passive sam-
plers, we observed no plateau in species detection even after
96h. Continuous detection of new species suggests that longer
sampling durations could further increase species richness.
Unlike aquatic eDNA, which may be more homogenous, air-
borne eDNA might be released in pulses or be influenced by
weather, as suggested by Johnson et al. (2023) and Manibusan
and Mainelis (2022). Indeed, we observed variation in both spe-
cies' richness and composition over time, highlighting the po-
tential impact of pulsed release, weather, and eDNA persistence
on airborne eDNA detection signatures. While many species
were detected from the outset of our deployment time (6h) and
retained until the last deployment time (96h), many species
also demonstrated “patchy” detections wherein focal species
were detected at two or more time points but not retained for
the entire deployment time. Similarly, many species represented
“singleton” detections that were also not captured in samplers
hung for other durations. This may suggest either (1) a potential
trade-off between species accumulation and retention on filters,
(2) species-specific DNA signals are emitted at specific time in-
tervals such that the sampler detected pulsed or intermittent
DNA releases, or (3) air eDNA is not homogeneously mixed and
thus paired samplers at the same site did not collect the same air
eDNA particulate matter despite it being potentially available.

A trade-off between DNA signal accumulation over time and
lost DNA signal retention due to degradation is certainly likely
given our general knowledge of the ecology of eDNA, at least
within aquatic systems (Barnes and Turner 2016). However,
given some of our detected species (23%, total; 36.8% zoo) did
retain their signal until 96h of deployment time (Figure 4B)
and the known high efficiency of glass fiber filters in bioaerosol
collections (Manibusan and Mainelis 2022), we suspect these
patterns to be more indicative of either the capture of biolog-
ically intermittent signals or, alternatively, the heterogenous
distribution of airborne eDNA within the airstream. Untangling
these effects experimentally and devising optimized sampling

strategies will be important for future studies, particularly for
differentiating accumulation, persistence, and retention of sig-
nals after their collection.

4.3 | Spatial Distribution of Target Species

Out of all airborne eDNA sampling strategies, the passive ap-
proach had the highest average detection distance and accuracy,
identifying nearly 1 in 5 target species within its 188 m range.
Both the Nutshell eDNA sampler and Pollensniffer were more
effective at detecting nearby species than the Coriolis Micro,
aligning with findings from (Clare et al. 2022) and (Lynggaard
et al. 2022), who observed stronger detection closer to source
animals. While airborne eDNA typically concentrates around
its origin, it can also travel considerable distances, such as the
American bison (Bison bison) detected 515m from its enclosure
by the Nutshell eDNA sampler within 24 h. Notably, the furthest
detections by the active samplers occurred indoors, underscor-
ing the challenge of tracing eDNA back to its source in natural
settings (Garrett et al. 2023) and the high potential for alloch-
thonous signal detection. Similar difficulties have occasionally
been reported in aquatic systems for localizing sources of eDNA
(Bessey et al. 2022), highlighting challenges regardless of the
environmental media sampled. One possible explanation is that
indoor environments act as sinks for airborne eDNA. As doors
open and close, and as people, including visitors and researchers,
move through these spaces, they may introduce and resuspend
previously settled eDNA. Air circulation systems such as air
conditioners or ceiling fans may further aerosolize particles, as
discussed by Garrett et al. (2023) who documented complex air-
borne eDNA signatures in indoor tropical environments. These
dynamics suggest that eDNA can readily enter indoor spaces but
may persist longer due to limited dispersal mechanisms, with
implications for both spatial resolution and temporal acuity. In
contrast, outdoor eDNA may be more prone to dilution or rapid
dissipation, potentially reducing signal persistence but improv-
ing spatial specificity.

Conversely, many nearby target species went undetected,
with contributing factors likely being particle heterogeneity,
wind patterns, UV degradation, low species-specific shedding
rates (Stewart 2019), or a lack of reference sequences (Garrett
et al. 2023; Jane et al. 2015). Echoing findings from aquatic stud-
ies (Takahara et al. 2012), zoo-based airborne eDNA research
has shown a correlation between species and detection likeli-
hood (Clare et al. 2022; Lynggaard et al. 2022). Our results sim-
ilarly revealed a positive size-scaling relationship between air
eDNA abundance and the total species biomass housed in pop-
ulations at the zoo, suggesting larger vertebrates (or larger pop-
ulations) might be more likely to be detected with air eDNA, a
feature that is becoming a salient characteristic for both aquatic
and air eDNA.

4.4 | Future Directions and Recommendations

This study is the first to apply the passive Nutshell eDNA sam-
pler for airborne eDNA-based vertebrate detection, though its
optimal setup remains to be determined. We used 0.7 um glass
fiber filters, but other materials may enhance detection. For
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instance, (Lynggaard et al. 2022) used F8 pleated filters, and
(Clare et al. 2022) used Sterivex-HYV filters (0.22-0.45 um), find-
ing that pore size did not significantly affect community com-
position. Since the Nutshell eDNA sampler passively collects
particles in a glass fiber matrix without forcing air through
pores, pore size may be less critical than with active samplers.

To date, several variables remain unexplored: filtering duration,
seasonal effects, sampler height, and air movement. Wind di-
rection is thought to influence detection more during passive
sampling (Waza et al. 2019), though we did not track it in this
study. Notwithstanding the above, the Nutshell eDNA sampler
effectively detected both zoo and local species and continued
to register new detections over time, suggesting optimizing for
technical and biological influences is likely to only improve de-
tection and biodiversity resolution.

5 | Conclusion

Overall, passive strategies for collecting airborne eDNA offer a
low-cost, noninvasive, and efficient approach for vertebrate bio-
diversity assessment when compared with many active sampling
counterparts. In particular, our findings indicate that the novel
passive air Nutshell eDNA sampler performs as a complemen-
tary tool alongside commonly used air eDNA approaches, rather
than as a replacement. Its ease of deployment, reliance on air-
stream interception rather than short-burst point sampling, and
broad taxonomic detection range, position it as a valuable option
for expanding terrestrial biomonitoring efforts. Importantly, the
sampler's low cost, minimal maintenance requirements, and
user-friendly design suggest it provides an accessible entry point
for practitioners seeking to incorporate broadscale airborne
eDNA biomonitoring into their existing toolkits, including ap-
plications involving novice users or citizen science initiatives.

Future research should focus on refining passive sampling pro-
tocols and evaluating their performance across diverse natural
habitats and environmental contexts. Although terrestrial eEDNA
research currently lags behind aquatic applications, airborne
eDNA shows substantial promise for transforming large-scale
biodiversity monitoring. Given its strong detection performance
across taxa and logistical flexibility, passive airborne eDNA
remains an underappreciated yet powerful approach that may
play an increasingly important role in scaling up future terres-
trial biomonitoring efforts.
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Supporting Information

Additional supporting information can be found online in the
Supporting Information section. Figure S1: Nutshell eDNA sampler
adapted for mobile (left) and marine (right) eDNA collection. Figure
S2: Parts and tools needed to assemble the Nutshell eDNA sampler.
Figure S3: Species richness means (+SD) for outdoor sampling loca-
tions (sites 1-5). (A) Average weekly detected species richness per out-
door sampling location by the Nutshell eDNA sampler strategy (black)
over 96 h, juxtaposed against the mean (+SD) average weekly detected
species richness per outdoor sampling location by the Coriolis Micro
(red) and Pollensniffer (blue) static samples, with (B) showing total
zoo resident species richness detection. Figure S4: Species richness
means (+SD) for the indoor sampling site (site 6) averaged across the
three-week sampling campaign. (A) Average weekly detected species
richness by the Nutshell eDNA sampler strategy (black) over 96 h, juxta-
posed against the mean (+SD) average detected species richness by the
Coriolis Micro (red) and Pollensniffer (blue) static samples per week (in
triplicate), with (B) showing total zoo resident species richness detec-
tion. Figure S5: Boxplots showing the total detected species richness
(A) and total detected zoo species richness (B) per outdoor sampling lo-
cation for each of the air eDNA samplers. Figure S6: Correlation graph
between total sequencing reads (read counts) and log-transformed total
biomass (kg) of detected zoo species (A), and with 4 outliers removed
(B). Table S1: Sampling schedule across the three weeks of sampling
in Rotterdam Zoo. P-“number” indicates the collection of a Nutshell
eDNA sample for each of the six locations, with the number indicating
the number of hours the sampler had been hung at its location before
collection. P-neg is a field-negative Nutshell eDNA sample. Table S2:
Total number of individuals (Ind.) housed within the Rotterdam Zoo
at the time of sampling for each detected zoo species, the average mass
for the detected zoo species, with affiliated reference. Asterisk denotes
outliers based on total read counts > 35,000 sequences. Table S3: Table
including the total read counts across all samples for each identified
species per primer set and combined. Species highlighted in gray are
zoo residents. Table S4: Table showing the average distance between
detected zoo species and the outdoor sampling location at which they
were detected for each air eDNA sampler, including the average detec-
tion distance for zoo species across the different outdoor sampling loca-
tions per air eDNA sampler.
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